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Mass spectrometry imaging (MSI) is a rapidly emerging field that is continually finding applications in
new and exciting areas. The ability of MSI to measure the spatial distribution of molecules at or near the
surface of complex substrates makes it an ideal candidate for many applications, including those in the
sphere of materials chemistry. Continual development and optimization of both ionization sources and
analyzer technologies have resulted in a wide array of MSI tools available, both commercially available and
custom-built, with each configuration possessing inherent strengths and limitations. Despite the unique
potential of MSI over other chemical imaging methods, their potential and application to (bio)materials
science remains in our view a largely underexplored avenue. This review will discuss these techniques
enabling high parallel molecular detection, focusing on those with reported uses in (bio)materials
chemistry applications and highlighted with select applications. Diﬀerent technologies are presented in
three main sections; secondary ion mass spectrometry (SIMS) imaging, matrix-assisted laser desorption
ionization (MALDI) MSI, and emerging MSI technologies with potential for biomaterial analysis. The first
two sections (SIMS and MALDI) discuss well-established methods that are continually evolving both in
technological advancements and in experimental versatility. In the third section, relatively new and
versatile technologies capable of performing measurements under ambient conditions will be introduced,
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with reported applications in materials chemistry or potential applications discussed. The aim of this
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biomimetic materials, biological/synthetic material interfaces, polymer formulation and bulk property
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characterization, as well as the spatial and chemical distributions of nanoparticles, or any other molecular
imaging application requiring broad chemical speciation.

review is to provide a concise resource for those interested in utilizing MSI for applications such as

Introduction
Interactions at the surface of biomaterials have a major impact
on their in vivo performance and physiological response of the
host. Therefore, detailed characterization of surface properties,
both physical and chemical, is required to engineer new materials
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and increase their biocompatibility.1,2 Many analytical techniques
have been routinely employed to characterize the surface properties of biomaterials including but not limited to; X-ray photoelectron spectroscopy (XPS),3 atomic force microscopy (AFM),4
Auger electron spectroscopy (AES),5 contact angle methods,6
vibrational spectroscopy (e.g., Raman and Fourier transform
infrared spectroscopy),7 near edge X-ray absorption fine structure
(NEXAFS)8 and energy dispersive X-ray spectroscopy (EDX).9 An
informative comparison between these and MS-based approaches
is provided in a review by Senoner and Unger.10 Of the aforementioned techniques, detailed elemental and topographical
information of the surface can be obtained, but this information usually relates to one or a few chemical species, lacking
specific chemical information at the molecular level. With the
exception of vibrational spectroscopy, complementary imaging
techniques are typically required when broadband molecular
information from both the substrate and the biological material
that interacts with the substrate is desired.
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Mass spectrometry imaging (MSI) enables visualization of a
broad range of chemical species in a single experiment with high
molecular specificity and the ability to structurally characterize
detected molecules. As many materials chemistry applications
have traditionally focused on the analysis of inorganic or
covalently bound materials with high (o1 mm) spatial resolution, secondary ion mass spectrometry (SIMS) has been a
mainstay for chemical imaging of materials in many disciplines
as it is particularly well suited for such analyses.10–13 However,
as research into biomaterials and their associated biomolecular
interactions has emerged, so too has the demand for new MSI
methods enabling detection and characterization of many classes
of labile biomolecules. With the development of alternative
ionization methods and rapid improvements in MSI instrumentation, both in terms of mass analyzer and sampling/ionization
technologies, massive gains in mass-resolving power, speed and
sensitivity have been achieved. These dramatic improvements
have positioned MSI as a unique resource within a growing
number of analytical facilities. In particular, the use of MSI for
the investigation of biological tissues has flourished, providing
a wealth of information on the spatial distribution of pharmaceuticals, metabolites, lipids, peptides, and proteins from
practically every type of organic substrate.14–16 The increased
usage of MSI for biomolecular investigations has resulted in
successful methodologies for a broad family of compound
classes, making the translation to inorganic or non-biological
substrates a logical step. Thus, emerging fields such as biomaterial development, where changes in surface composition
and structure of synthetic materials placed inside the body (e.g.,
biomimetics or biomedical devices) affect a biological response
are primed for interrogation by MSI. As a surface sampling
technique, MSI is well equipped to probe biomaterials that
encompass this interface between synthetic substrates and
biological tissue.17,18 Characterizing the biomaterial surface
properties (i.e., chemical composition, structure, orientation)
and understanding the biological effect these properties have
by measuring biomolecules on these surfaces is paramount to
the development of biomaterial technology.
The ability to perform MSI for a particular application
depends largely on the type of desorption/ionization source
employed of which there are three major categories; secondary
ion mass spectrometry (SIMS), matrix-assisted laser desorption/
ionization (MALDI), and various ambient mass spectrometric
methods. Each technique is capable of producing ions in both
positive- and negative-ion mode (broadly referring to detection of
basic and acidic compounds, respectively), however their method
of operation varies significantly leading to diﬀerent populations of ions detected. SIMS represents the most energetic
desorption technique, capable of ablating covalently or ionically bound material and penetrating into the depth of the
substrate, making it well suited for elemental and inorganic
analyses. MALDI is a softer desorption technique, capable of
desorbing and ionizing loosely bound inorganic material and a
wide range of biomolecules (proteins, peptides, lipids, and metabolites). Ambient techniques generally represent the softest
desorption techniques and are best suited to delicate substrates
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(particularly those not vacuum stable) and labile organic molecules in the 50–2000 Da range. Therefore, alternative MSI
techniques such as MALDI and ambient methods may be more
effective in biomaterial applications where broader chemical
detection is required or when probing delicate substrates.
In this review, we highlight the broad array of MSI techniques
currently available for molecular detection by showcasing their
reported use in biomaterial applications, as well as broader
materials science applications to illustrate the potential of these
techniques for future research. The discussion includes concise
descriptions of the processes underpinning each technique,
current developments in instrumentation technology, and key
applications that exemplify the benefit of MSI for biomaterial
surface analysis. Finally, a perspective on the role of new
MSI approaches at the intersection of biomaterial analysis is
provided.

Secondary ion mass spectrometry
(SIMS)
SIMS was the first MS technique employed for imaging and
arguably the one most familiar to materials scientists.11,19,20
SIMS utilizes the release of charged (ionized) material from a
substrate upon impact of an electrostatically focused high-energy
primary ion beam (traditionally from monoatomic sources such
as Au+, Ga+ and In+). As the high-energy (10–40 keV) primary ions
impact the surface, a collisional cascade is initiated in the top few
monolayers of the sample, leading to the ejection of secondary
particles consisting of sputtered neutral molecules, ions, molecular fragments (of both neutrals and ions), and electrons.21,22
The secondary ions generated, typically protonated/deprotonated
ions, cationized adducts or radicals, are then detected based on
their mass-to-charge ratio (m/z), typically using time-of-flight
(ToF) mass spectrometry. For SIMS analyses, samples are typically
mounted in a high vacuum sample chamber, must be as flat as
possible and be mounted onto conductive substrates to minimize
the effect of surface charging which can significantly hamper
both spatial and mass resolution as well as sensitivity. For
insulating samples these are often prepared as thin sections
(B1–20 mm) and mounted onto conductive substrates such as
silicon, steel or indium-tin oxide coated (ITO) slides. It should be
noted that charge compensation can enable analysis of insulating
samples by actively neutralizing surface charge and such capabilities
are available on commercial systems.
The primary advantage of SIMS over other MSI techniques is
the ability to restrict the analyzed area down to B100 nm, with
features resolved by several beam diameters, providing by far
the highest spatial resolution of any MSI approach. As many
(bio)materials applications require sub-micron spatial resolutions, SIMS has a distinct advantage over other approaches
described below. Combined with the energetic desorption/
ionization process, SIMS is particularly well-suited for analysis of
inorganic materials and materials bound to surfaces via chemical
bonds. However, compared to softer desorption/ionization
techniques like MALDI and DESI, SIMS imparts significantly
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more internal energy to desorbed molecules, resulting in substantial molecular fragmentation. In some cases this feature
can be highly advantageous, e.g., for analysis of elements,
covalently-bound surface materials, and for detection of
chemical tags covalently bound to molecules of interest. The
high sensitivity of SIMS for elemental imaging is in part due to
operation in the so-called ‘‘dynamic-SIMS’’ mode. In dynamic
SIMS high ion doses (41013 ions cm 2) are used to produce
ions from a large fraction of the entire surface. Due to the high
ion doses detection of only small molecular fragments and
elements originating from the surface is possible due to accumulation of surface damage. The high spatial resolution and sensitivity oﬀered by dynamic SIMS has recently been exploited in a
unique approach termed nano-SIMS. In this approach a cesium
or oxygen primary ion beam is used which can be focused down
to B50 nm.23 The unique MS design allows up to seven m/z
channels to be continuously monitored whereby m/z information
is obtained via angular separation in a magnetic sector analyzer.
Detectable ions are either elements or diatomic fragments such
as CH .23–26 Examples of materials chemistry applications
include the analysis of 13C-enriched Resveratrol coated Fe3O4
coated nanoparticles whereby Resveratrol was detected via the
enriched 13C signal in areas where it was localized27 and the
simultaneous localization of isotope-labelled lipids and selected
proteins through the use of fluorinated gold immunolabels.28
Nano-SIMS has also been widely used to study dynamic chemical
changes in biological systems by virtue of its high sensitivity
and precise measurements of ion abundance.29,30 For instance,
via incorporation and monitoring of stable isotope enrichments
(in these cases 15N enriched thymidine), it has been possible
to pinpoint stem cell generation in mice hippocampi31 and
relatively quantify the different origins of new cardiomyocytes.32
Similarly, laser ablation inductively coupled plasma (LA-ICP) mass
spectrometry provides a highly complementary approach to
element imaging with SIMS. Several authors report the use of
LA-ICP-MS to study the biological uptake of nanoparticles33,34
and the in vivo degradation of metallic implants.35–37 Although
LA-ICP-MS cannot compete with the spatial resolution offered by
SIMS, it offers excellent quantitative abilities enabling absolute
surface concentrations of elements to be determined with high
precision (typically 5–15% RSD).38–40
For applications that require information on molecular
distributions, such as untargeted (bio)molecular investigations,
softer interrogation of the surface is needed. In these cases,
a technique known as ‘‘static SIMS’’ can be utilized. In static
SIMS, the ion dose is maintained below 1013 ions per cm2 (the
‘‘static-limit’’) ensuring less than 1% of the surface is impacted
by a primary ion. Thus, surface damage is minimized and the
probability of detecting larger m/z species having m/z values
up to B2000 is greatly enhanced. Although detection of intact
labile molecules with molecular weights above 500 Da can still
be a challenge, characteristic molecular fragments are often
detectable under such conditions using traditional ion beams.
For example, lipid analyses mostly result in the detection of
lipid fragment ions (i.e., the phosphatidylcholine headgroup
ion at m/z 184 in positive-ion mode or free fatty acids in

7446 | J. Mater. Chem. B, 2017, 5, 7444--7460

Review

negative-ion mode) rather than the intact lipid itself, complicating interpretation of results.11,25,41
Driven by the increasing need to detect larger molecules,
primarily for biomolecular analysis, recent SIMS developments
have heavily focused on the development of softer ionization
sources that greatly minimize fragmentation and surface damage.42
In particular larger, polyatomic sources such as C60+,43–47 SF5+,48–50
Aun+,46,51–53 gas cluster beams such as Arn+ 54–56 and [CO2]n+ 57
and recently water cluster beams58 have revolutionized SIMS
and brought it into the realm of true molecular analysis. With
these sources it is possible to generate intact molecular information at ion doses above the static limit due to the drastically
reduced surface damage of these large primary ions.44 In these
cluster ion sources a single primary ion can have a mass of
up to 100 000 Da which greatly reduces fragmentation and subsurface damage, thereby enabling both softer ionization and
sputtering (see below).59 It must be noted that large cluster
beams do not generally offer the r100 nm42 spatial resolution
of atomic or small cluster sources (e.g., Bi3+). The current stateof-the-art of cluster sources can achieve focused spot sizes
down to several micrometers for gas cluster ion beams and in
some cases as low as 300 nm for C60+ ion beams.60,61 It should be
noted that despite the tremendous advances made in molecular
detection with SIMS over recent years many applications still
center on the detection of elements or elemental/small molecular
markers of larger molecules.
A second key advantage of SIMS over other MSI techniques is
the exploitation of the gradual removal of material by the primary
ion beam to enable 3D analysis (i.e., depth profiling).62,63 In such
an approach a cluster ion beam is often used to sputter away
several monolayers or more of material while minimizing surface
damage and modification, after which the freshly exposed surface is imaged using SIMS. This process can be repeated using
sequential sputter/analysis cycles and enable 3D chemical reconstruction of heterogeneous materials. Crucially, the achievable
depth resolution can be as low as several nanometres,64,65
providing almost a monolayer by monolayer representation of
the material. In the sections below, we highlight a diverse array
of applications of SIMS-MSI in materials chemistry with specific
emphasis on biomaterials and their interactions. For a more
comprehensive examination of biological tissue imaging applications of SIMS-MSI the reader is referred to a series of reviews
published on this topic.25,41,66–75
Synthetic polymers
SIMS-MSI has found widespread use for studying polymeric
materials in a diverse array of applications.76–78 For example,
using a 5 keV Ar2000+ beam for sputtering and a Bi3+ beam for
mass analysis, the composition of spin-cast polymer multilayers
contacting alternating layers of polystyrene (PS) and polyvinylpyrrolidone (PVP) on silicon substrates has been studied.79
Polymer signals were identified by the characteristic C7H7+ and
C6H10NO+ signals for PS and PVP, respectively and incorporated
PS layers as thin as 45 nm could be resolved. A similar approach
has also been employed using C60+ for sputtering instead.80
3D-SIMS has also provided valuable insight into surface
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topographies of poly(bisphenol A-co-decane ether) films. SIMS,
for the first time, revealed the presence of hollow interior structures on the surface of these polymers when prepared with
either chloroform or THF solvents. These hollow droplets were
found to have a thickness of several hundred nanometers and
were sandwiched between the two polymer layers.81 As another
example it was recently shown how polyelectrolyte multilayer
composite films could be synthesized and exposed to a mineralization process. The quality of polymeric nucleating agents
was assessed in terms of calcium carbonate mineral infiltration
efficiency by SIMS depth profiling with a combination of a Bi+
beam for analysis and a cluster Arn+ beam for sputtering.82
With respect to biomaterials Jung et al. have deployed 3D-SIMS
to study the spatial distributions of the biopolymers cellulose
and lignin in tension wood as a model for biomass using a Bi3+
beam for analysis and an O2+ beam for sputtering.83 Finally, in
a recent publication by Goor et al., the reactions of incorporated
materials within a supramolecular assembly were studied with
3D-SIMS-MSI (Fig. 1).84 An ureidopyrimidinone (UPy)-based
matrix serving as a thermoplastic elastomer was mixed with
reactive UPy-tetrazine (UPy-Tz) additive. The UPy-Tz provides
supramolecular intercalation into the UPy to generate a functionalized surface. To assess which UPy-Tz concentration
resulted in the most surface-localized functionalization an area
of 100  100 mm was imaged with a Bi3+ beam following each
C60+ sputter cycle. At low UPy-Tz concentrations the fluorine
signal (specific signal to UPy-Tz model compound) was localized at the surface of the material. At higher concentrations
UPy-Tz-related signal was also observed throughout the bulk
material, but with higher intensity always on the surface. Proof
of successful click-reaction was provided by the surface-exclusive
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detection of iodine following the click-reaction of trans-cyclooctene
iodine with intercalated UPy-Tz. Combined with the homogenous
distributions throughout the film of UPy and monomers of the
polycaprolactone (PCL, also part of the elastomer), localized
chemical analysis in 3-dimensions using SIMS was able to
directly visualize differences in surface and bulk reactivity as
relevant for functionalization of supramolecular materials.84
The authors conclude that such materials and functionalization reactions may find use in regenerative medicine where
in vivo functionalization may be exploited to elicit the required
materials–tissue/cell interactions.
Nanoparticles
The ability to track nanoparticles within cells is attracting
much interest in the analytical field due in part to the development of nanoparticles capable of delivering therapeutics
intracellularly.85–90 SIMS has proven a useful tool for studying
such materials and their interactions.10,87,89,91–96 In a recent
study, Hua et al. described an innovative microfluidic/sputtering
approach allowing SIMS imaging of individual cells in a hydrated
environment.97 This was used to study the effect of ZnO nanoparticle uptake in C10 cells with sub-micron resolution. Nanoparticle uptake was visualized by the characteristic Zn+ signal
while nanoparticle containing cells were observed to exhibit
elevated Ca+ and decreased Na+ and K+ signals that were
attributed to altered intracellular Na+ and K+ transport induced
by ZnO nanoparticle uptake.
By using a C60+ source for both sputtering and analysis both
organic and inorganic materials can be imaged in 3D in a single
experiment. This was shown by Angerer et al. for the 3D MSI of a
titanium dioxide nanoparticle engulfed by a unicellular eukaryote,

Fig. 1 A 3D-reconstruction of increasing concentrations of mixed-in guest molecules (Upy-Tz) within a UPy thin film using SIMS-MSI where clickchemistry to an iodine containing model compound was performed on the surface. The ion distributions of relevant mass fragments are depicted in
diﬀerent colors: iodine (purple, TCO fragment), fluorine (pink, from Upy-Tz), m/z 124 (red, UPy-fragment), m/z 150 (blue, UPy-fragment), m/z 113 (yellow,
PCL-fragment), InO2 (green, from glass slide substrate). The films have a thickness of 100–150 nm. Dimensions of depth profile area are 100 mm  100 mm.
Figure reproduced and adapted from ref. 84 with permission from John Wiley & Sons.
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Tetrahymena pyriformis, where visualization of the incorporation of nanoparticles inside food vacuoles of the eukaryote was
observed.88 Another powerful example of 3D ToF-SIMS on polymer nanoparticles is given by Rafati et al.98 The surface heterogeneity and relative localization of the poly(lactic-co-glycolic) acid
(PLGA) backbone, polyvinyl acrylate (PVA) surfactant, and protein
lysosome (model therapeutic) were visualized to gain understanding in the eﬀect of polymer microsphere fabrication parameters
and revealed that the lysosome was primarily distributed around
microsphere surface pores.
Multimodal approaches with SIMS, such as with fluorescence
or transmission electron microscopy (TEM), have proven especially useful to track nanoparticles in biological matrices.28,99
Several studies have reported cytotoxicity assessment of nanoparticles with ToF-SIMS, such as Fe3O4 nanoparticles100 or polymeric nanoparticles combined with fluorescence microscopy.101
Recently, the delivery of cytotoxic drugs was evaluated by polymeric oxaliplatin nanoparticles through monitoring of the timedependent spread of both the nanoparticle carrier and the
Pt(II)-based anticancer drug in vivo. The combined fluorescence
microscopy, TEM and SIMS approach discovered the oxaliplatin
NPs are taken up in intracellular vesicles. The consecutive breakdown of the carrier material stimulates release of the cytotoxic
drug, confirming the targeted delivery mechanism.102
Tissue engineering/cell culture
Tissue engineering is a young, thriving field of study clearly in need
of imaging techniques with the ability to diﬀerentiate biological
responses based on changes in local molecular composition. For
example, SIMS has been deployed to study the homogeneity of
cell populations based on their molecular phenotype103 and shed
light on the biological pathway changes related to culturing
conditions.104 SIMS can also be applied to evaluate the potential
of tissue engineering stem cell lines. For instance, the osteogenic
diﬀerentiation capabilities of human embryonic stem cell-derived
mesodermal progenitors (hES-MPs) were studied and compared
to human mesenchymal stem cells (hMSCs), one of the most
documented cell types for tissue engineering purposes.105 Using
3D-SIMS-MSI depth-profiling and 3D-mapping, distinct biomineralization patterns were shown, with hES-MPs yielding
higher hydroxyapatite signal than hMSCs after six weeks but
lower after 3 weeks of osteogenic stimulation.106
As ToF-SIMS oﬀers exciting opportunities to correlate surface
chemistry to biological response it is well suited to guide substrate
development for proliferation and diﬀerentiation control.107–109 Such
an approach has been utilized to assess the cell proliferation effect of
hydrogel substrate additives,110,111 naturally derived extracellular
matrices,112–114 and surface geometries.115 Current state-of-the-art
substrates tend to have complex compositions and geometries,
which require more specific and sensitive methods to verify. Bongo
et al. showed their PEDOT(TOS):gelatin composite films were able to
support cell growth while retaining the beneficial electrical conductivity and mechanical properties of the original polymer substrate.116
The authors used a nano-SIMS instrument to reveal the distribution
of carbon, nitrogen and sulphur and demonstrate the homogeneous
gelatin incorporation in the film.
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Implants
Successful implant integration in the surrounding tissue is of
vital importance to patient health, but much remains unknown
about the mechanics of implant–tissue interaction. In an effort
to shed light onto these effects the interaction area between
bone and a titanium implant has been imaged with ToF-SIMS,
revealing distinctive molecular and elemental species for bone,
implant, and interaction area.117,118 Gonzalez et al. studied a
bioactive coated Ti-NB-Hf alloy implant material using Bi3+
beam and showed this material had a significantly increased
osteoblast adhesion.119 In another study, the distribution of
rapamycin – an immunosuppressant in a coronary stent coating
(poly(lactic-co-glycolic acid)) – was studied to determine the effect
of the coating application method on drug elution behaviour.120
3D-SIMS-MSI analysis showed a high degree of heterogeneity in
the rapamycin concentration throughout the sample, with the
most homogeneous areas providing the most gradual elution. It
was therefore concluded that the coating application method has
a major effect on the early drug elution behavior and therefore
deserves thorough optimization.
Supramolecular materials such as biodegradable hydrogels
are considered promising drug delivery carrier candidates.
Ureidopyrimidinone (UPy) cross-linked poly(ethylene glycol):
polycaprolactone (PEG:PCL) hydrogels implanted under the
renal capsule of rats have been studied with Au+ SIMS, comparing relative distributions of endogenous compounds (lipids and
cholesterol) and the implanted polymer (PEG). Interestingly,
it was observed that the PEG-related signal was co-localized in
the tissue with cholesterol sulfate, suggesting the occurrence of
cellular infiltration in the polymer.121 This study demonstrates the
vast potential of SIMS to study foreign-body response mechanisms
and can help monitor material–tissue interactions, for example in
drug-delivery applications.
Advances for chemical identification using SIMS
The use of axial ToF analyzers for SIMS requires the primary ion
beam to be pulsed on the order of several nanoseconds to obtain
reasonable mass resolution. However, this introduces both
speed and sensitivity constraints due to the limited duty cycle
resulting from the fact that only one ion packet may be injected
into the analyzer per ToF event. For example, a 2 ns pulsed beam
operating at 10 kHz and a maximum flight time of 100 ms means
only 0.002% percent of the time is spent generating ions.
To overcome these limitations and enable continuous ion generation several groups have developed SIMS instrumentation
employing orthogonal ToF analysers.122–124 Through decoupling
of the mass analysis and ion generation these systems can take
particular advantage of cluster ion beams. Their ability to generate intact molecular ions at higher ion doses with reduced
surface damage makes them ideal to operate in continuous (DC)
mode. That is, the beam is effectively generating ions 100% of the
time resulting in significantly increased experimental throughput.69
It should be noted that orthogonal ToF analyzers have less efficient
transmission than axial ToF analyzers, sacrificing part of the
theoretical gain in sensitivity and time.
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Fig. 2 Parallel SIMS-MS and tandem SIMS-MS/MS imaging of heat treated polyethylene terephthalate crystals. (A) Total-ion current (sum of all signals)
image in full-MS mode. (B) Distribution of m/z 149 in full-MS (MS1) mode. (C) Total-ion current (sum of all signals) image in MS/MS mode following selection
and collision-induced dissociation (CID) of m/z 577 corresponding to the ethylene terephthalate trimer ion. (D) Distribution of m/z 149 in MS/MS mode
revealing significantly less background and higher contrast images of the polymer crystals. (E) Corresponding MS/MS spectrum revealing structure-specific
fragments arising from the polyethylene terephthalate ion after (CID). Figure adapted from ref. 128 with permission from Cambridge University Press.

Recent advances in SIMS have also enabled confident structural identification of detected molecules using tandem mass
spectrometry (MS/MS).122,124,125 Although such capabilities have
long been available for MALDI and ESI-based instruments they
were lacking for SIMS. Such approaches are critical for identifying
unknown surface modifications and unresolved isobaric ions. To
date, MS/MS technologies have been employed mostly for biomolecular characterization from tissues and cells.122,126 However,
structural elucidation/confirmation of detected molecules is also
of high importance for materials characterization. A drawback of
conventional tandem MSI approaches is the majority of generated
ions are discarded, with only the fragments of the selected precursor detected. To overcome this disadvantage a parallel ToF
tandem MS system based on an axial ToF design was recently
developed.125,127 The addition of a collision cell and second ToF
analyzer to this design enables simultaneous recording of both MS
and MS/MS spectra, thus providing both fragment ion (MS/MS)
detection of a selected monoisotopic m/z range and broadband
(MS) detection of the remaining ions. The increased chemical
specificity enabled by MS/MS imaging was demonstrated for heat
treated polyethylene terephthalate (PET).128 Fig. 2 shows the total
ion and m/z 149 images of which the latter is a known SIMS
fragment of PET. The m/z 149 image, along with other images of
ions in the full-MS spectrum, reveal the presence of polymer
crystals, but these m/z signals also arise from the surrounding
substrate resulting in ionic signal observed across the full
sampling area. However, when imaging in MS/MS mode using
the ethylene terephthalate trimer ion (m/z 577) as the precursor,
the same PET-characteristic fragments are also produced upon
collision-induced dissociation. Importantly, these are now
detected in the absence of isobaric interferences as the
MS/MS detector is only detecting the m/z 149 signal that originates
from the polymer-related precursor. With the use of tandem MS
imaging the background interference is eliminated and the polymer crystals are observed with higher contrast at a measured lateral
resolution of o200 nm while the composition of the crystals was
unequivocally found to be ethylene terephthalate trimers.
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With the increased ion yields for larger molecules when
using cluster sources the intrinsically moderate mass resolution of a ToF analyzer begins to become a limitation. It is widely
known that in the analysis of complex mixtures, multiple ions
are produced with the same nominal mass but diﬀerent
elemental composition and thus exact mass. Although high
resolving power instrumentation is widely available and compatible with MALDI and various ambient ionization methods,
this has not been the case for SIMS. In an eﬀort to resolve the
molecular complexity of biological surfaces using SIMS Smith
et al. have orthogonally coupled a C60-SIMS source with a
Fourier transform ion cyclotron resonance mass spectrometer
(FT-ICR MS).129 FT-ICR provides at least an order of magnitude
increase in mass resolving power compared to ToF systems and
is able to provide more specific chemical information from a
complex sample. For example, by applying SIMS-FTICR-MSI to
the analysis of a mouse brain nine diﬀerent chemical features
were detected within a 0.4 Da mass range. The high mass
accuracy also allows elemental formula for many detected species
to be rapidly assigned.130 The main drawback of this approach,
however, is the sacrifice in required speed and/or spatial resolution resulting from the longer dwell times needed per pixel
to accumulate enough ions for adequate signal-to-noise
(B0.4 s per pixel). With current developments in the coupling
of SIMS with FT-based mass spectrometers, such as the 3D
nanoSIMS project,131 it is expected that such approaches will
soon find powerful usage for analysis of localized chemical
composition in the materials sciences.

Matrix-assisted laser desorption/
ionization (MALDI) and direct laser
desorption/ionization
The discovery of matrix-assisted laser desorption/ionization (MALDI)
in the late 1980s was pivotal in the birth of macromolecular MSI
(i.e., intact molecular detection).132–134 For the first time,
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MALDI enabled the direct detection of many different molecular
classes from solid substrates, including large fragile biomolecules
such as intact proteins, with minimal fragmentation. MALDI is
used almost exclusively for organic molecules, however analysis
of inorganic materials is also possible,135,136 while direct laser
desorption (i.e., without the matrix) can also be employed for
inorganic materials.137 In MALDI, the sample is first mixed
with an organic matrix having strong absorption at the typical
wavelength used for desorption (337 or 335 nm). After mixing,
the analyte molecules are co-crystallized with the matrix to
form co-crystals. Typically, the sample is then loaded into a
vacuum stage varying anywhere from 1 mbar to 1  10 7 mbar
for analysis depending on the instrument design. In efforts to
simplify sample analysis MALDI analysis at atmospheric pressure is also possible138,139 but less commonly used, in part due
to the lower sensitivity resulting from the difficulties in transferring ions from atmospheric pressure into the intermediate
vacuum region of the mass spectrometer. MALDI typically
requires flat (roughness in low micrometer scale), thin (typically
4–20 mm) samples to ensure equal irradiation conditions across
the sample and to help minimize charge build up. Surface
charging is only a major issue for axial-ToF analyzer (the most
widespread analyzer for MSI) and its negative effect is ameliorated by mounting the sample on a conductive substrate (e.g.,
ITO coated glass slides) onto which the high ion acceleration
voltage is applied. Orthogonal mass analyzers (i.e., those with
ionization and mass analysis regions decoupled) can accept
insulating substrates without reducing MS performance. Upon
irradiation by a pulsed UV laser, desorption is initiated with the
majority of the energy being absorbed by matrix molecules.
Analyte ionization occurs through a series of gas-phase reactions initiated by photoionised matrix molecules and ultimately
charge transfer to the analyte with protonated/deprotonated or
alkali-adducted (i.e., [M + Na]+) ions generally observed. Unlike
SIMS, MALDI is not strictly a surface analysis technique due to
the matrix solution extracting molecules from within a volume
of the sample surface and its relatively large sampling depth
(Bseveral micrometers per sampling position when multiple
laser shots are accumulated). When corrected for sampling
volume, it has been reported that under favorable conditions
SIMS can be up to several orders of magnitude more sensitive
than MALDI.140,141 However, unlike SIMS, the MALDI process is
soft and minimal fragmentation is observed resulting in significantly more interpretable chemical information from complex
surfaces.
As MALDI enables localized analyses, the extension to
imaging was first taken in the mid-90s142 and has since been
the key driver in the development of MSI, particularly for
biomolecular imaging in tissues.70,143–145 MALDI is currently
the most common method for MSI due to its high sensitivity,
significant commercial development, and ability to detect the
most diverse array of molecular classes of any MSI technique.
For imaging applications, the MALDI matrix is typically applied
using either a pneumatically-assisted spray, sublimation, or
controlled droplet deposition (i.e., piezoelectric printing). For
all applications it is essential to ensure a homogenous coverage
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of matrix with minimal analyte delocalization on the surface.
The application of the matrix presents the greatest source of
error in the reproducibility of MALDI measurements. MALDI
spatial resolution is determined by the size of the matrix crystals
and the laser beam diameter on the surface and is currently
at-best 5–10 mm in commercial instruments and as low as 1 mm
in prototype systems.146–148 It should be noted resolutions
r10 mm typically requires matrix application via sublimation
which can compromise analyte extraction, and thus sensitivity,
relative to spray-based approaches. To-date almost all MALDIMSI applications have focused on biological tissue imaging and
for these the reader is referred to relevant reviews.70,143,144,149
The extension of MALDI-MSI to materials chemistry applications remains, in our view, a dramatically underexploited field.
Below we outline recent examples where MALDI-MSI has provided valuable insight into the localized chemical changes
occurring during the processing and preparation of various
materials.
MALDI has found widespread use for the chemical analysis
of polymeric substrates.118,119 These capabilities have recently
begun to be extended to visualizing localized chemical changes
occurring on polymeric materials designed for a variety of applications. For example, Crecelius et al. have applied MALDI-MSI
to visualize chemical changes within polystyrene (PS) films
exposed to ultraviolet (254 nm) light.150 Polymer films were
prepared by mixing PS solutions (PS, Mn,SEC = 4760 g mol 1,
Mw,SEC = 5000 g mol 1) with toluene, matrix (trans-2-[3-(4-tertbutylphenyl)-2-methyl-2-propenylidene]malononitrile) and AgTFA
dissolved in THF and spin coating this mixture onto indium-tinoxide coated (ITO) slides. Shaped masks were then placed onto
the films prior to UV irradiation for diﬀerent times. Comparison
of areas exposed to UV light revealed the gradual loss of polymer
signals with exposure time which were attributed to polymer
cross-linking upon photo-generation of backbone radicals. The
ability to monitor surface modification upon light irradiation
opens up the possibility of studying the chemical changes occurring on photoresists and performance coatings.151 Here a negative
photoresist (Novolac) containing benzophenone photo-activator
(10% w/w) was used and a wiring diagram imprinted onto the
surface with UV light. The substrate was imaged with a resolution
of 100 mm, and polymer signals characteristic of the Novolac resin
monitored. Of significance was a decrease of the undodecamer
and tridecamer polymer signals in areas exposed to UV light. This
loss in signal correlated with areas of lithographic imprinting and
again was attributed to photo-induced polymer crosslinking, thus
demonstrating the capability of MSI to study the chemical
changes induced by lithographic structuring such as that used
in PCB board manufacture.
Polymer MSI has also been applied to study heterogeneous
biotic and abiotic degradation of polycaprolactone diol in water.152
After incubation in biotic (artificial stream) and denitrifying (liquor
from a waste water treatment facility) solutions the polymer
materials were sectioned and studied with MALDI-MSI. Whereas
the chemical composition following aerobic (biotic) conditions
was only slightly altered, the sample exposed to denitrifying
conditions revealed evidence for significant polymer degradation
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(loss of signal intensity) and oxidation. Degradation was observed
to occur more heterogeneously throughout the polymer material
when exposed to denitrifying conditions, thus further demonstrating the power of MSI to study localized degradation processes of polymers and other substrates.
Ultrahigh molecular weight polyethylene (PE-UHMW) is a
widely used material for replacing the acetabular cup of hip and
knee joints. Despite this popularity, it suﬀers from relatively short
lifetime with replacement often needed every 5–10 years.153,154
Oxidation of the polymeric material has been recognized as a
major contributor to this short life time. An interaction of the
PE-UHMW with the surrounding biological environment consisting of synovial fluid is an important contributor to polymer
modification. In this light, Fröhlich et al. have recently applied
MALDI-MSI to study adsorption of lipids from the synovial fluid
onto the polymer surface and its correlation with surface
modification.155 Following incubation of PE-UHMW in synovial
fluid, the polymeric material was analyzed with both MSI
(spatial resolution of 10–150 mm) and SEM. After incubation,
polymer surfaces were roughened and adsorption of biological
materials could be observed with SEM. MSI allowed the localization and structural identification of adsorbed lipids such as
PC, PE and cholesterol directly from the substrates. Chemical
specificity of MSI was increased by performing MS/MS imaging
whereby characteristic fragment masses are detected and visualized. Localization of lipids was found to correlate with the
presence of roughened substrate features. Given the strength of
MSI to detect many molecular species simultaneously, detection
of the polymer substrate itself was also possible. Interestingly,
oxidized PE-UHMW was detected by m/z spacing of 74 indicative
of PE-UHMW hydroperoxide, and was also found to be localized
in areas of high lipid adsorption. Combined, application of
MALDI-MSI to joint replacement materials provided the first
evidence of preferential adsorption of lipids from synovial fluid

Journal of Materials Chemistry B

onto roughened and oxidized surface areas. Oxidation can be
rationalized by presence of reactive oxygen species in synovial
fluid which can have detrimental effects on implant lifetime.
Given the lubricating nature lipids play in both native and
artificial joints, MSI provides a promising tool to help develop
new joint materials that promote positive interactions with the
surrounding biological environment. The same authors have
also reported on the use of MALDI-MSI for localization of
proteins adsorbed onto PE-UHMW incubated with synovial
fluid.155 On flat samples homogenous protein distributions
were observed, while preferential adoption onto roughed or
folded areas was observed. In line with the lipid results, this
suggests that in vivo damaged regions are more susceptible to
protein adsorption which may alter implant properties. In related
applications concerning the localized interactions of biomolecules
with biodegradable materials MALDI-MSI has also been deployed
to study lipid and protein adsorption onto thermoplastic polyurethane grafts for vascular replacements.156,157 For example,
in one study by Fröhlich et al. the diffusion of cholesterol into
the synthetic vessels wall was observed and tentatively attributed
to the favorable thermoplastic polyurethane pore size facilitating
small molecule diffusion.157
Insight into the self-assembly behavior of mixed peptide
fibers has also been recently obtained with MALDI-MSI.158
Self-assembling peptides (peptide 1 = IKHLSVN, peptide 2 =
IKFLSVN and peptide 3 = IKYLSVN) were mixed into various two
component systems and deposited onto ITO slides where they
aged over time. After matrix application peptide fiber distributions were imaged using high resolution FTICR-MSI. Mixture A
(peptide 1, Fig. 3, cyan) and peptide 2 (Fig. 3, magenta) was
found to initially form long fibers with a relatively homogenous
distribution of the two peptides (days 1–2). This state was hypothesized to be only kinetically stable. During days 3–4 the fibrils
became smaller and this was correlated with fiber rearrangement

Fig. 3 (left) Time-series MALDI-MSI images of a two component peptide mixture (IKHLSVN in cyan and IKFLSVN in magenta) from day 1–7. An overlay of
these two images is provided in the third row. (right) Time-series MALDI-MSI images of a two component peptide mixture (IKFLSVN in magenta and
IKYLSVN in yellow) after 1, 4 and 7 days. An overlay of these two images is provided in the third row. Both MALDI-MSI datasets show the self-assembly
process of the fiber mixtures. TEM images of the corresponding mixtures are provided below the respective MSI images. Reproduced from ref. 158 with
permission from The Royal Society of Chemistry.
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and segregation of the individual peptides. This process was
observed until day 7 upon which a thermodynamic steady state
is reached and only segregated, individual fibers are observed.
In contrast, peptide mixture 2 (peptide 2 and 3) initially formed
a thermodynamically stable system whose morphology did
not change significantly over time. MALDI-MSI revealed that
both peptides were homogeneously distributed. TEM analysis
revealed intermixed flat ribbon and twisted structures which
were assumed to each correspond to single component fiber.
Differences between the mixtures were attributed to the different
hydrophobicity and non-covalent interactions. Unlike optical
imaging techniques that require labelling which can interfere
with the self-assembly process, direct MSI analysis permits
analysis of the unmodified peptides and study of their selfassembly behavior into organized kinetically and thermodynamically favored structures.
Carbon nanomaterials are attracting much interest for a
diverse array of applications, including biomedical applications
where they are loaded into the body. In such applications it is
critical to understand how they are metabolized and in what
organs they accumulate. Recently, laser desorption/ionization
(LDI) has been applied to directly visualize the sub-organ accumulations of carbon nanotubes (CNTs), single-layer graphene
(GO) and carbon nanodots (CD) after injection into mice.159 In
this approach direct LDI of dosed tissues (i.e., without the
application of a MALDI matrix) was used to directly detect carbon
nanomaterial by virtue of their low mass carbon cluster signals
(e.g., Cn , n = 1, 2, 3, 4, 5, etc.). Carbon nanomaterials could be
rapidly detected in various tissues such as kidney, spleen, lung,
liver, brain and heart tissue. For example, Fig. 4 shows results
obtained from mice spleen revealing preferential accumulation
of CNTs in the marginal zone of the spleen with subsequent
lower concentrations observed in the red and white pulp,
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respectively. Quantitative MSI using dosed tissue homogenates
for signal calibration was also performed and after calibration
the maximum signal could be calculated to be B8 pg/20 mm
pixel for CNTs in the spleen. Calculated detection limits were
0.02, 0.04 and 0.10 mg ml 1 for CNTs, GO and CDs, respectively.
Quantitative results revealed the largest uptake of CNTs and
GOs in the lung, while CDs preferentially accumulated in the
spleen. The extension of this method demonstrated the selective accumulation of drug-loaded CNTs into a tumor, thus
providing a powerful tool for targeted drug delivery applications. In another application LDI-imaging of inkjet-printed
patterns of functionalized gold nanoparticles has also been
demonstrated.160
The above examples highlight a diverse array of materialschemistry-focused MALDI-MSI applications. However, when
compared to applications to biological tissues, these relative
numbers are quite low. Nonetheless, we believe that the unique
ability of MALDI-MSI to detect most molecular classes, combined with the extensive ability of high performance commercial instruments oﬀering both high spatial resolution (10 mm)
and high mass resolution, should make it a powerful approach
for many researchers and industries where understanding the
localized chemical composition, its changes to external factors,
and interaction with the surrounding environment is key for
material design and performance. It can be expected such
approaches will increase in popularity in the near future.

Emerging MSI methods with potential
for biomaterial applications
Over recent years much work in the MSI field has focused on
making a broader range of samples accessible. An important

Fig. 4 Mapping of sub-organ distributions carbon nanotubes (CNTs) in mice spleen using direct laser desorption/ionization (LDI). (a) Optical image of
the spleen tissue. (b) Ion distribution of CNT-specific m/z 72.0 throughout the spleen. (c) Expanded region of (b) revealing accumulation of CNTs in the
red pulp of the spleen. Representative LDI mass spectra acquired from red and white pulp regions (d and e, respectively). Scale bars are 2 mm.
Reproduced from ref. 159 with permission from Springer Nature.
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requirement for the methods discussed above is the requirement that the samples be placed in vacuum. As a result, many
samples (such as those containing water) cannot be analyzed in
conditions that closely mimic their natural state. These requirements have spawned the field of ambient MSI methods that,
despite generally oﬀering lower spatial resolution (typically
B50–300 mm), enables MSI analysis of samples in the open
environment without any sample pre-treatment (e.g., matrix
application). The following section will briefly discuss different
MSI techniques that, although have very few reported applications to biomaterial analysis to-date, have the potential to be very
useful, and possess some unique qualities that are not shared by
SIMS or MALDI. These techniques may be complementary to
SIMS and MALDI analyses or employed for certain applications
where SIMS or MALDI are not applicable, such as non-vacuum
compatible samples.161–169 These ambient MSI techniques can
be highly adaptable, allowing optimization for different sample
shapes and sizes with minimal effort.
One of the most popular ambient MSI techniques is desorption
electrospray ionization (DESI) due to its simplicity and relative ease
of operation.161 For DESI, charged solvent droplets impact the
surface creating a very thin fluid layer where analyte extraction
and subsequent desorption occurs.161,170 The spatial resolution
achievable with DESI imaging is generally B150 mm, however
with optimized hardware and experimental parameters resolutions as low as 35 mm have been reported.171–173 DESI-MS imaging
offers lower spatial resolution than MALDI or SIMS due to the
spray based desorption/ionization but is particularly useful for
samples that are bulky, irregularly shaped, or require enhanced
extraction of analyte from the substrate.174 DESI-MSI has been
applied mostly to biological tissue analysis,175 although various
other substrates such as TLC plates, rocks containing heterogeneous mineral deposits, bulk polymers and polymer coatings,
and organic materials have also been studied.176,177 For example,
in the analysis of thermoset polymer-based coatings the performance of formulated antioxidants could be measured in situ
without any sample pretreatment (Fig. 5).177 Another example
showcasing the broad applicability of DESI-MS is the surface
analysis of biocompatible polymers ex vivo, providing insight
into their interactions with living tissue. Suder and co-workers
employed DESI-MS to investigate the plaque deposits on a
polyethylene terephthalate vascular graft that was removed
from a patient after 2 years serving to replace part of the
femoral artery.178 Imaging cross sections of the plaque deposits
revealed changing lipid profiles associated with atherosclerotic
plaque formation and saturation of the polymer surface by
endogenous lipids. These results demonstrate that DESI-MS is
an ideal analytical approach for biomedical applications where
artificial and biological materials interface due to its selectivity
and relatively soft method for probing the sample.
Alternative solvent extraction-based techniques have been
developed that diﬀer from DESI by decoupling the extraction
and ionization steps.179–183 These techniques have yet to be
exploited for any true biomaterials applications but have
potential use in the field including; liquid microjunction solid
sampling probes (LMJ-SSP) in their various forms, nano-DESI,
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Fig. 5 (a) A photograph of a double draw-down panel consisting of two
polyester-based paint formulations, a green pigmented coating containing
no HALS (left) and a brown pigmented coating (right) containing TIN123
(2 wt% of resin solids). (b) A representative extracted ion chromatogram
(XIC) of the m/z 737.5 ion corresponding to [M + H]+ ion of TIN123
acquired across the panel left-to-right using DESI-MS. (c) A photograph
of coil coated metal samples cut from panels that were exposed to 0
(far left), 300, 600, 900, and 1500 h (far right) of Q-Sun artificial weathering
and aﬃxed to a microscope slide, and the resulting false color images of
the extracted ion intensities (ion counts) at (b) m/z 737.5 and (c) m/z 609.5
by 2D DESI-MSI. (d) Extracted ion chromatograms integrated over 50 mm2
for each exposure interval (0, 300, 600, 900 and 1500 h) for the ions at
m/z 737.5 (open circle, J) and m/z 609.5 (open triangle, n). Reproduced
and adapted from ref. 177 with permission from The Royal Society of
Chemistry.

and liquid extraction surface analysis (LESA). The first two
involve a continuous flow of solvent in contact with the surface,
desorbing analytes at the point-of-contact followed by aspiration through an electrospray emitter. In comparison, LESA uses
discrete amounts of solvent contained within a pipette tip to
create a temporary liquid microjunction with the surface.184–186
LESA is well equipped for applications where sample carryover
interferes with continuous imaging experiments but does limit
the spatial resolution to 40.5–1 mm.187 These liquid microjunction techniques would be excellent candidates for the
analysis of delicate gels and nanofabricated materials that are
not amenable to lasers, heat, or pneumatically-assisted sprays.
For example, hydrogel scaffolds containing cell cultures or
organoid assemblies, or where the surface integrity needs to be
highly maintained for further analyses after MSI. For example,
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LESA-MS has been applied to study the deposition of tear lipids
on worn contact lenses demonstrating the ability of such
techniques to study the molecular processes associated with
biofouling of polymeric surfaces.188
Laser desorption based techniques
Laser desorption/ablation based techniques are becoming
increasingly popular for ambient MSI due to their high spatial
resolution (down to 10 mm sampling spot size) and ability to be
coupled to solvent sprays and plasma plumes for enhanced
ionization. Three major techniques have been reported for
MSI that combine laser ablation (LA) with an electrospray
ionization source; laser ablation electrospray ionization (LAESI),189
electrospray-assisted laser desorption ionization (ELDI),190 and
laser electrospray mass spectrometry (LEMS).191 For these
techniques the experimental setup is the same, diﬀering only
in the type of laser employed to ablate material that is then
entrained within the electrospray plume flowing on-axis towards
the MS inlet.192,193
Another technique with high potential for biomaterial applications is an LMJ-SSP coupled with transmission laser ablation,
being employed for the detection of insoluble surface components such as small oligomers of polyaniline and elemental
analyses from thin metallic films.194 This ambient imaging
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technique represents an ideal method for surface analyses
where changing distributions of soluble analytes correlate with
insoluble, heterogeneous polymer or metal substrates as this
technique, theoretically, could be able to characterize both
sample and substrate in a single acquisition.
Thermal desorption based techniques
A recent innovation by Van Berkel and co-workers has led to the
development of a thermal desorption (TD) imaging technique
that provides the highest spatial resolution for ambient MSI
currently reported.195,196 The technique combines atomic force
microscopy (AFM) with MS where a hybrid sampling probe
provides co-registered topographical, band excitation nanomechanical,197 and chemical imaging of a surface.198,199 By
heating the AFM tip to 350 1C, thermal desorption coupled with
ESI or atmospheric pressure chemical ionization (APCI) can be
applied to surfaces with a spatial resolution corresponding to
2.0 mm  2.5 mm pixel sizes.198,199 The technique has been
applied to printed inks, bacterial colonies on agar plates, and
phase-separated polystyrene/poly(2-vinylpyridine) polymer blend
thin films. For the polymeric samples, chemical compositions of
valley and plateau regions within the surface were identified by
co-registering topographical measurements and band excitation images with mass spectral chemical images (Fig. 6a–d).200

Fig. 6 A schematic illustration of the combined AFM-MS experimental setup with an enlarged view showing the details of the inline APCI and ion
molecule chemistry and an enlarged view of the AFM nano-TA probe positioned B0.3 mm away from the sampling capillary. Co-registered AFM (a) prepyrolysis topography image, (b) BE elastic modulus image, (c) post-pyrolysis topography image, and (d) mass spectrometry chemical image for m/z 106,
obtained from an B500 nm thin film of phase-separated polystyrene/poly(2-vinylpyridine) blend. The color scale for the topography goes from dark to light,
which is proportional to an increase in relative surface height. Highlighted ovals in panels (b–d) indicate areas where the AFM topography, elastic modulus,
and mass spectrometry images differ in terms of the presence of P2VP. Reproduced from ref. 200 with permission from American Chemical Society.

7454 | J. Mater. Chem. B, 2017, 5, 7444--7460

This journal is © The Royal Society of Chemistry 2017

Review

Fig. 6 also shows a schematic representation of the AFM-MS
setup designed by Van Berkel and co-workers and is an excellent
example of the relative ease that ambient MS affords for ad hoc
instrumentation. The AFM-MS technique also demonstrates the
capability of simultaneous multimodal imaging data acquisition,
providing added layers of information to each voxel in the dataset
through co-registration of multiple imaging modalities.

Conclusions
The growing use of MSI for (bio)materials chemistry analyses is
evidenced by the number of excellent applications detailed in
this review. However, there is scope for MSI to be an even
greater resource in the field of biomaterials research. Via this
review we have not set out to provide a comprehensive review of
all reported applications of MSI in the materials sciences, but
rather have endeavored to convey the unique opportunities
alternative techniques oﬀer to materials chemistry investigators.
By highlighting the broad chemical sensitivity, specificity, and
structural elucidation capabilities aﬀorded by mass spectrometry
and its complementarity with other surface imaging techniques
we hope to illustrate the usefulness of MSI approaches available
to the materials science community. The ability to analyze many
diﬀerent molecules in a single experiment is particularly important for understanding the biological response to synthetic
materials in vivo as it is always a complex array of metabolites,
lipids, and proteins that are associated with phenotypic changes.
Ambient MSI techniques in particular are poised to see an
increase in usage as there is no requirement for samples to be
under vacuum, allowing the surface analysis of delicate substrates such as hydrogels and soft biomimetics – two substrates
that are the foci of many emerging biomedical applications. The
sampling probes used in many ambient MSI techniques are also
very gentle, especially solvent-based methods such as nano-DESI,
allowing the interrogation of delicate surfaces while leaving
them physically unperturbed. Smart drug delivery systems comprise another emerging field of research, for example, nano- and
micro-particles as drug carriers, in which SIMS imaging is
uniquely capable to investigate, being able to monitor spatial
distributions of inorganic particles within biological tissue as
well as changes to select biomolecules within a single experiment, all at sub-micro spatial resolution. Further development of
SIMS instrumentation and sample preparation including alternative primary-ion beams more amenable to detecting labile
molecules intact, increased MS/MS capabilities, and development of metal- and matrix-enhanced SIMS201,202 for increased
sensitivity and cryogenic preparation/analysis will undoubtedly
result in greater use of the technique, not only for biomaterials
but for many other imaging applications. As for MALDI-MSI, due
to its widespread popularity and strong commercial development for biological imaging applications we believe it is also well
suited for biomaterials applications. Commercially available
MALDI-MSI instrumentation is now able to provide a combination of both high spatial and mass resolution and major
advancements are coming from increases in speed of acquisition
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and enhanced ionization methods. One notable advancement is
the development of MALDI post-ionization that enables up to
a two order of magnitude increase in sensitivity for certain
molecules.203 In addition, transmission geometry MALDI provides an avenue to increase spatial resolution to B1 mm for
UV transparent subtrates.204 Such resolution can enable, for
example, studying molecular interactions between cells and
materials at the subcellular level. Perhaps the largest disadvantage
of MSI at the moment is the complications in acquiring quantitative MSI data, i.e., absolute analyte quantities per unit area or
volume. Such quantitative information is essential for many
biomaterials applications yet is currently difficult to acquire with
MSI. With careful experiment design, however, quantitative MSI
data can be acquired and much progress has been made for this
increasing in-demand capability over recent years through the
development of various normalization strategies.39
In summary we strongly believe the MSI techniques outlined
represent a diverse and useful set of tools for characterizing the
molecular composition and responses of (bio)materials and
they should see a growing usage in the biomaterials chemistry
field in the near future.
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